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Abstract
Meiofauna include small-sized animals (< 1mm) distributed in all aquatic ecosystems on
Earth, where they play fundamental trophic and ecological roles. The biodiversity of marine
meiofauna and its links with anthropogenic activities is routinely investigated, however,
freshwater communities are less known. This is particularly true for the Southeastern United
States, which is greatly investigated and elected a hotspot of biodiversity for larger species but
very little is known about the meiofauna. The purpose of this research is to reveal the
biodiversity of meiofauna from the Tennessee River and test for potential correlations with
anthropogenic activities. As a proxy for pollution, dissolved and suspended solids were
considered in this study. The research hypothesis is that meiofaunal biodiversity would be
affected by possible changes of dissolved and suspended solids in the water column. Possible
mechanisms causing biodiversity shifts could be ascribed to osmotic stresses of animals to cope
with variation in dissolved solids or, more indirectly, because different sunlight penetration
caused by suspended solids would affect primary production.
To test the hypothesis, water samples were collected from nine stations located along the
Tennessee River in Hamilton County. Each station was visited three times, and, during each
visit, environmental parameters (including dissolved and suspended solids) were measured.
Meiofauna biodiversity (estimated as richness, community composition, and phylogenetic
diversity) was revealed using a metagenomic approach. Statistical analyses were applied to test
for possible correlations between the biodiversity estimates and the measured environmental
parameters.
Results show a high biodiversity of meiofauna with more than 200 amplicon-sequence
variants distributed across 10 metazoan phyla. Environmental conditions are highly variable
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among stations and statistical analyses show that while both dissolved solids (TDS) and turbidity
(suspended solids, NTU) did not significantly affect meiofauna biodiversity in the collected
samples, various other water and sediment metrics were found to be significant predictors of
meiofauna biodiversity.
In conclusion, the results of this project not only reveal for the first time the meiofauna
biodiversity from the Tennessee River, but also suggest that meiofauna could be used as a
bioindicators for several anthropogenic activities in freshwater ecosystems.

Introduction and Background
Meiofauna is the collective name given to the plethora of microscopic (0.45-1.00 mm)
animals that inhabit all aquatic ecosystems. Their key roles in the food webs include supplying
energy to larger animals, such as crustaceans, mollusks, and fish (Schmid-Araya et al. 2002);
proper meiofauna production, in turn, yields healthier ecosystems. Meiofaunal animals are also
valuable bioindicators for ecosystem health when assessing anthropogenic effects; in marine
systems, meiofauna have been found to reflect changes in the environment caused by human
disturbances across both space and time (Zeppilli et al. 2015; Leasi et al. 2021). They are
considered ideal collective bioindicators for water quality due to their fast reproductive rate, low
dispersal capability, and specific responses to multiple forms of anthropogenic change, thus they
are advantageous to study when the anthropogenic source has not yet been identified.
Meiofaunal-bioindicator projects are also more cost-effective to sample and study compared to
other benthic species (Zeppilli et al. 2015). As an example, the diversity and richness of taxa are
generally lower in polluted and high-stress environments because the less-tolerant animals (eg.
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ostracods, gastrotrichs, and hydrozoans) disappear and the community is then dominated by the
more hardy species such as nematodes (Zeppilli et al. 2015).
While many studies have focused on the marine meiofauna, their freshwater relatives are
virtually left in the dark (Majdi et al. 2020). Even though previous research in the field of
freshwater meiofauna has been inordinately limited, there are a few influential studies published
in the early 2000s, with several focusing more particularly on the benthic habitats (Smith et al.
2001, Montagna et al. 2002, Radwell & Brown 2007). One such project was a study conducted
in Arkansas (Radwell & Brown 2007); results indicated that benthic sediment size could be used
to predict which benthic meiofauna taxa were present in an area; for example, copepods and
nematodes were most commonly found in areas with silty, small-grained sediment. Radwell and
Brown also concluded that sediment particle size was a factor with heavy influence on the stream
biota as it can alter flow patterns; this can then impact other ecological parameters like dissolved
oxygen levels, food availability, and the removal of wastes from a system (Radwell & Brown
2007). Another experiment utilized artificial stream environments to test the effect of the
suspension of sediment within increased water flow on the biodiversity of organisms; as
freshwater areas flood, does the sediment that is kicked up affect the meiofaunal community?
(Bond & Downes 2003). This experiment was repeated twice in the late 1990s in Australia and
concluded that “flow increases caused large increases in the number and diversity of drifting
animals, and significant declines in the numbers and diversity of organisms found in benthic
samples, but these declines were apparently not affected by the addition of fine sediment” (Bond
& Downes 2003). It is worth noting that this particular experiment was conducted over two
decades ago in an artificial freshwater habitat; it may not be the best reflection of the effects of
natural flow increases. Additionally, Bond & Downes’s observations are based on the
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morphological identification of benthic plants and macrofauna, therefore, results may vary if
aquatic meiofauna is the main subject. Another experiment was conducted within a smaller,
natural stream in Arkansas which also examined the benthic meiofaunal community’s responses
to variations in stream water flow (Smith & Brown 2006). Their results indicated that sediment
upheaval could affect benthic meiofauna and suggests that meiofauna assemblages can change
rapidly in response to alterations of habitat patches by flow rate disturbance (Smith & Brown
2006).
Even with the handful of papers mentioned above, there is a considerable dearth of
information regarding the biodiversity of freshwater meiofauna when compared to its wellstudied counterpart, marine meiofauna. While some studies involving freshwater meiofauna were
discussed above, the amount of attention given to marine meiofauna still far outweighs the
efforts to study the freshwater species. A recent literature review from 2020 found that when
searching for scholarly articles using the keywords either “meiofauna” or “meiobenthos”, 72.2%
of the search results focused solely on marine species with 21.8% of the search results featuring
freshwater organisms (Majdi et al. 2020; Figure 1). As environmental threats such as pollution,
rising global temperatures, and increasing aquatic sedimentation begin to affect freshwater
ecosystems, it will become vital for us to study and understand the meiofauna and how they will
respond to anthropogenic environmental changes in the future. It should also be recognized that
many of the published studies on freshwater meiofauna focus primarily on benthic species living
in the substrates and not the planktonic/aquatic meiofauna that can be found in the water column.
Since more of the recent literature has been published on the freshwater meiobenthos, it has been
suggested that many people fall into the misconception that all freshwater meiofaunal
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communities are hyporheic that since their lives in the water column are so under-documented
(Robertson et al. 2000).
The unexplored diversity of freshwater meiofauna poses a challenge not only to our
understanding of freshwater ecosystems, but also to our conservation efforts. Our limited
knowledge in this area impedes our
ability to understand, mitigate, and
rectify environmental changes in
freshwater ecosystems. The lack of
knowledge surrounding the vital
roles of meiofauna may limit the
success of future conservation
projects. In the United States,
sediment pollution is becoming an
issue in freshwater habitats as
urban centers expand, resources are

[Figure 1. Bar Graphs depicting the lack of publications on
freshwater meiofauna compared to the abundance of marine
meiofaunal papers. (Majdi et al. 2020)]

depleted, and agricultural activities
expand into new areas (“Effects” 1995). While increased sediment introduction can affect
freshwater environments in different ways, it is vital for us to understand how increasing
sedimentation influences local species and food webs if these ecosystems are to be protected
against any potential adverse effects (“Effects” 1995). For example, the Tennessee River hosts
more aquatic species than any other region in North America and contains one of the most
diverse aquatic ecosystems in the world (Abell et al. 2008; Collen et al. 2014), but it ranks as the
fourth most polluted waterway in the United States and one of the most polluted rivers in the
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world with the main culprit being stormwater runoff, which increases the river’s turbidity, the
amount of solids and sediments suspended in the water (Hossain et al. 2021). The issue of
sediment pollution is important to understand in Chattanooga, Tennessee as the area has been
expanding rapidly since the early 1990s and sits right on the Tennessee River. Sediment grain
size may be affected by humans’ activities and sediment deposition can influence benthic
meiofaunal communities (Radwell & Brown 2007), but how does sediment affect the meiofaunal
animals living in the water column? In the field, the amount of sediment can be measured either
as dissolved solids (TDS) or as suspended solids (turbidity). Total dissolved solids are assessed
because dissolved solids may impact the osmoregulation capabilities of aquatic species. In
macroinvertebrates, species living in low TDS areas experience higher osmotic stress as they
must expend more energy to maintain osmotic balance than those living in high TDS
environments; meiofauna may react in a similar fashion (Olsen & Hawkins 2017). Turbidity is
assessed since more suspended solids in the water can have an effect on light attenuation and
algal production; if photosynthesis is limited by lower light levels, there will be less algae that
many meiofaunal species rely on as a food source (Brown 1984). The goal of this research is to
understand if and how levels of dissolved and suspended solids in the water might influence
meiofaunal biodiversity in the freshwater ecosystems surrounding Chattanooga. The hypothesis
of this research is that as levels of dissolved and suspended solids change in the water column
from sedimentation, the biodiversity of meiofaunal communities will change as well. The
Southeastern U.S. (area defined in “Range and Scope”) is known as a hotspot of freshwater
biodiversity for larger vertebrates and macroinvertebrates but almost nothing is known about the
meiofauna that live here. The Southeast region is also a hotspot for imperiled aquatic species due
to extensive human population growth and human activities that have significantly altered the
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landscape over the past 150 years (O’Driscoll et al. 2010). This innovative research will enhance
our knowledge on freshwater meiofaunal biodiversity, how this biodiversity is affected by
human activity and is expected to be informative for stakeholders and conservation programs.
To assess meiofaunal biodiversity, we must consider the fact that meiofaunal animals are
extremely small, diverse, and abundant, therefore, it is nearly impossible to pursue an experiment
at the community level by using visual taxon identification and DNA extraction on single
individuals. This issue “can be addressed at a larger scale from sequencing pooled organisms
from entire samples with the use of DNA metabarcoding and even directly from environmental
matrices exploiting the presence of environmental DNA” (Schenk & Fontaneto 2019). This
procedure allows researchers to collect water samples, extract the DNA of all the organisms in
that sample, and allow the processes of PCR and computational analysis to identify which taxa
were present in that sample and estimate biodiversity. Using similar methods to those outlined in
Schenk & Fontaneto 2019 and Leasi et al. 2018, this research is of the first of its kind by using
DNA metabarcoding to survey a section of a major waterway in the Southeast, the Tennessee
River; the results are undoubtedly unique to this field of study.

Methodology
Sampling Activity
To begin the experimental design, Hamilton County was divided into three areas
(Bottom, Middle, and Top; Figures 2 and 3) to ensure a certain number of sampling stations were
selected per section along the length of the county to account for any possible ecological
differences caused by human activities. The entire study area is characterized by variations in
human activities, which is expected to affect the ecological conditions of the water. Across the
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study area, the southern areas are more populous, urban, and experience high traffic while the
northern area can be classified as more industrial and agricultural as distance from the city of
Chattanooga increases. There is also a possibility that the Chickamauga Dam may represent a
species barrier to meiofaunal dispersion. Additionally, the Sequoyah Nuclear Power Plant,
located at the northernmost border of the sampling area may influence the environmental
parameters in its vicinity as well.

[Figure 2. Map of Study area made with Google
Maps. Displays exact placement of sampling
stations along the Tennessee River (Google 2022)]

[Figure 3. Map of study area made with
GIS mapping software. Displays
approximate locations of stations
within local watersheds (UTC
IGTLab)]

Selecting sites from along the river, north to south, also lets us sample different aquatic
environments (riverine, lacustrine, etc.) and allowing data to be collected from both sparsely
populated, rural areas and urban areas with high traffic. Three sampling locations were selected
in each section of the county for a total of nine; these sites were chosen along a transect of the
Tennessee River and were picked specifically because they had public access (local/state parks,
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TVA Day-Use areas, boat launches, etc.) and were not closed residential or commercial lots. The
original experiment’s design included 12 sampling stations, four per county section, but this was
altered when fewer public access points were found along the main channel of the Tennessee
River than expected; we also intended to sample further into the northern area of Hamilton
County but ran into the same issue of limited access points with the dominance of private and
commercial properties. The final experimental plan includes 9 stations divided into 3 sections
based on their location within Hamilton County (Bottom, Middle, and Top). [See Supplemental
Material 1 for more Station information] During the sampling period, which was February
through April of 2021, each of these sites was visited and sampled on 3 separate occasions.
At each sampling station, two sampling activities were performed. Multiple photos of
each station were captured with a cell phone soon after arrival to the station and before any
samples were taken. The pictures are stored online and were used to record immediate visual
weather and environmental conditions. Additionally, a Horiba U-50 Series multi-parameter water
quality instrument was used to record water quality data such as temperature, pH,
oxidation/reduction potential, conductivity, turbidity, total dissolved solids, and dissolved
oxygen [All water quality data can be found in Supplemental Material 2]. The probe end of the
device was lowered into the water, the measurements displayed were given time to stabilize for
an accurate reading, and the data was stored in the device and transferred to an online
spreadsheet when the sampling trip concluded.
The aquatic sampling activity performed was to collect three water samples at each
station on each day it was visited; three trips were made to each station, yielding a total of nine
water samples per station once the sampling period was completed; with all nine stations taken
into account, there was an overall total of 81 water samples. To begin this process, we would put
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on clean gloves and set up the filtration apparatus which consisted of a large plastic beaker, a
support funnel, a hand pump with tubing, and a pump cup fitted with a pre-installed paper filter
(Figure 4). Once the setup was complete, we would then use a clean, 53-micron mesh plankton
net with a collection bottle to obtain each of the water samples (these plankton nets were cleaned
either in the lab prior to use or in the field with a 10% bleach solution to destroy any DNA
remnants from previous uses). We would then stand either on the bank or a few meters out into
the water depending on the environment, cast the net out as far as possible, and pull it back in
slowly just below the surface of the water to collect the meiofauna in the attached bottle; the
casting process was repeated several times to ensure the collection bottle was full (Figure 5). We
would then return to the filtering apparatus, detach the collection bottle from the plankton net,
pour the contents into the pump cup, and use the hand pump to push the water over the filter.
This filled the larger beaker with the excess water and all the meiofauna animals were trapped on
the paper filter. The pump cup was then dismantled so the filter could carefully be folded,
removed with clean tweezers, and transferred to a pre-labeled vial for easy transport and storage.
These vials were kept in an ice cooler during the sampling event until we returned to the lab
where they were promptly moved to an electric freezer (-20℃) to preserve the specimens. The
casting and pumping process was repeated twice more to secure all three water samples for the
station.
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[Figure 4 (left). The filtration apparatus in action with the
collection vial, pump cup, and hand pump assembled]
[Figure 5 (above). Water collection method, tossing out the
plankton net and collection bottle on a rope.]
The sediment sampling activity was to collect one replicate sediment sample from the
river bottom. This was done using a sediment coring tool that was driven down into the substrate
to gather up a small core of sediment (Figure 6). This core was placed into a pre-labeled plastic
jar, stored in an ice cooler throughout the sampling event, and moved to an electric freezer (20℃) when we returned to the lab. It should be noted that we were not able to collect sediment
at every station, such as the more urban sites, because the river bottom was constructed of
concrete. At this point, all of the sampling activities had been performed, so the equipment could
then be cleaned and packed back into the vehicle to move on to the next sampling station.

[Figure 6 (left). Sediment
collection method, coring tool used
to remove small sediment core
from river bottom]
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eDNA Extraction
The sample filters were transferred to the microbead-tubes of the commercial Qiagen
DNeasy PowerSoil® DNA Isolation Kit (Mobio Carlsbad, CA), and DNA was extracted
according to the manufacturer’s protocol, with minor modifications to maximize the amount of
final DNA yielded (Leasi et al. 2018). (Figure 7)

[Figure 7. All 81 of the original
DNA extraction vials stored in
their freezer box]

DNA Amplification
The DNA amplification was performed on the 18s ribosomal RNA sequence found in all
eukaryotes, where it codes for structural components of the small subunit in cytoplasmic
ribosomes (“18S”). The amplification procedure is similar to those used by Miya et a1. 2015.
Each water sample underwent two rounds of amplification with PCR. The first round was to
amplify the 18s gene itself by attaching the primers and Illumina adapter sequences (TruSeq
library). The primers used were 18s-euk forward GTA CAC ACC GCC CGT C and 18s-euk
reverse TTG ATC CTT CTG CAG GTT CAC CTA C. The second round was run to attach a
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unique barcode sequence (index) identifying each sample, along with the Illumina identifiers
which would be used by the sequencer.
The first round of PCR was carried out with 35 cycles with a reaction volume of 12 μl.
The reaction mixture contained 6.0 μl 2 x KAPA HiFi HotStart ReadyMix; this mixture included
the DNA Polymerase, reaction buffer, dNTPs, and magnesium chloride [at a concentration of 2.5
mM] (KAPA Biosystems, Wilmington, MA, USA). 0.6 μl of each primer and 2.0 μl of the
template DNA (water for the control) were added with 2.8 μl of distilled water to reach the total
reaction volume. The thermal cycle began with 3 minutes at 95°C for DNA denaturation. Then,
35 cycles of the following three steps were performed: 20 seconds at 98°C for denaturation, 15
seconds at 57°C for annealing, and 15 seconds at 72°C for the extension. The PCR was
completed with 5 minutes at 72°C for final DNA extension. This PCR product was then
examined by running gel electrophoresis to ensure the PCR had worked and to check that it had
multiplied to the correct number of base pairs.
The second round of PCR was run to attach the Illumina indexes to the adapters on the
round 1 PCR product; the indexes were used by the sequencer to identify strands from all the
different samples. To begin this second PCR, the first PCR product was diluted ten times with
HyPure Molecular Biology Grade water. 1.0 μl of this diluted PCR product was added to the
reaction volume in addition to 6.0 μl 2 x KAPA HiFi HotStart ReadyMix, 5.0 μl of TruSeq
indexes, for a total volume of 12.0 μl. This second PCR reaction was run with the following
thermal cycle profile: 3 minutes at 95°C for DNA denaturation, 15 cycles of 20 seconds at 98°C
for denaturation and 15 seconds at 72°C for annealing and extension, and 5 minutes at 72°C for a
final extension.
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Once the second PCR was complete, all the sample products were pooled into one library
which could now be differentiated using their specific Illumina Indexes. This library was then
purified using a Qiagen kit protocol. The final library was then sent to the sequencer facility for
quality control and sequencing.

Granulometry
At each visit to each sampling station, one small sediment core sample was collected
(with the exception of station 1 which did not have a substrate bottom). An analysis of grain size
was conducted to correlate each station with the size and type of sediment that would most likely
be dissolved in the water, which, according to the hypothesis, may influence the local meiofauna
assemblage biodiversity. The granulometry protocol was divided into the following four
subsections: initial drying of the sediment, creating a photo record, grain size/statistics, and
measuring inorganic carbon content.
The first part of the procedure was drying the sediment. This was critical because if the
sediment had remained damp throughout the procedure, the water content would add a bias to the
measured weight, and thus inaccurate results would have been recorded. To dry the sediment, the
sample was removed from its original plastic collection jar and transferred to a glass, Pyrex
beaker. This glass beaker could withstand the heat of an oven where the plastic jar would melt.
The beaker was labeled with the station number and visit letter (Ex. 4B, for station 4 visit 2) and
then placed in the oven for 2-3 days at approximately 60-100°C for drying.
After the sediment was dry enough to be manipulated, a photo record was created for
each sample. The sediment was poured out of the Pyrex beaker onto a clean sheet of white copy
paper. A photo was taken of the entire sample with a cell phone so that it could easily be
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transferred to a cloud storage folder. Photos in this folder are labeled with station number, visit
letter, and “whole” to indicate that this photo represents all contents of the original sample (Ex.
5B-whole) (Figure 8), before moving on to the grain-size analysis.

[Figure 8. Sediment sample from
Station 5, second visit. Whole
sample, before grain-size analysis]

Once the photo has been properly named and saved, we could move on to the analysis of
grain size. This was done using a Gilson Sieve Shaker, a set of Turf-Tec International sieves
(with USA standard testing parameters), a Sartorius electronic scale, and a collection of labeled
weigh boats. First, the sieve stack was removed from the shaker, the sieves were separated, and
any sediment remaining from previous tests was cleaned out. The sieves were then restacked in
the correct order with the widest mesh size on top and the narrowest mesh size on the bottom.
The dry sediment was then poured from the piece of copy paper onto the layer of mesh on the
top sieve (2 mm). The whole sieve stack was then placed back into the shaker, the clamps were
set to hold it in place, and the machine was turned on for ten minutes to shake the sediment down
through all the different sieves. Next, the portion of sediment that was retained by the top sieve
was poured out onto a sheet of paper and then carefully transferred to the corresponding labeled
plastic weigh boat. The plastic boat was then weighed on the electronic scale (pre-tared with the
weight of the container) and the measurement was recorded in grams. This was repeated for the
sediment retained by each sieve (2mm, 1mm, 500 µm, 250 µm, 150 µm, 53 µm, and less than
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53µm) and the component parts were kept in their weigh boats. All seven weigh boats were then
lined up together (finest sediment to coarsest sediment) and another photo was taken; this photo
was labeled with station number, visit letter, and “components” (Ex 5B-components) (Figure 9)
and saved to a cloud storage folder. The recorded weights were then entered into a premade
Microsoft Excel sheet containing all the pertinent equations.
[Figure 9. Sediment
sample from Station
5, second visit.
Sample divided into
components by the
sieve shaker]

This Excel spreadsheet was used to calculate the mean, median, sorting, skewness, and
kurtosis values for each sample; these values were checked by entering the sediment component
weights into the GRADISTAT program (Blott & Pye 2001) and reviewing its calculations for (1)
the mean (average grain size), (2)the median (the 50th percentile of a cumulative curve [half the
particles weigh more than the median, half weigh less than the median], (3) the sorting (a method
of measuring variation in grain size by grouping the largest parts in size distribution using a
cumulative curve), (4) the skewness (a measure of how close the cumulative curve is to
symmetry), and (5) the kurtosis (a measure of “peakedness” for a curve) (Higgins & Thiel 1988).
(GRADISTAT readouts for all stations can be found in Supplemental Material 3 folder)
Using the data obtained so far, the phi (ɸ) values were determined for the 50th, 16th,
84th, 95th, 5th, 75th, and 25th percentiles of each sample. These phi values represent a
logarithmic scale for grain size that allows the data to be visually depicted and statistically
analyzed more easily (Donoghue 2016). This spreadsheet was then labeled with the samples it

17

contained and was added to the cloud storage folder. Now, all of the sample components were
recombined into a labeled, glass Pyrex beaker and covered with tin foil until it was time to
perform the next step.
Lastly, the weight of the inorganic carbon within the sample was calculated, following
the methods of Komoda et al. 2008. The glass beaker from the previous step was taken to a fume
hood. The sediment surface in the beaker was covered in a thin layer of muriatic acid to dissolve
any organic carbon particles, leaving the inorganic behind. This beaker was left uncovered in the
fume hood with the fan on for roughly 48 hours to allow the reaction to take place. After the
reaction was finished, the sediment was subjected to a series of washes with distilled water to
rinse away any remaining muriatic acid (Komoda et al. 2008). Next, a small tin foil bowl was
constructed and labeled for the sample, the now damp sediment was transferred into the foil
bowl, and the bowl was left in the oven for 2-3 days at 60-100 °C to re-dry the sediment. Once
the sediment had dried, approximately 50 grams of the sample (the exact value was recorded)
was transferred to a ceramic cup and put into a muffle oven; the sample was left in the muffle at
475 °C for a minimum of two hours to burn away the last remnants of organic carbon. The
sediment samples were removed from the muffle, transferred from the ceramic cup into a tarred
plastic weigh boat and its final mass was recorded. This mass was then subtracted from the initial
weight and used to calculate a percentage of organic carbon material for each sediment sample.
The values of organic matter and other sedimentological parameters are available in
Supplemental Table 4.
Computational Analysis
The genetic sequences were obtained by a sequencing core facility after adapter removal
and preliminary checks for quality control. We obtained a total of 33,909,155 forward and the
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same amount of reverse genetic sequences all constituted of 150 nucleotides. Out of 81 samples,
two had poor quality results and were removed from the dataset. The raw genetic reads were
imported into the QIIME2 platform (version 2021.8; Bolyen et al. 2019) for sequence analyses
and processing. Further sequence quality control and generation of amplicon sequence variants
(ASVs) were completed using the DADA2 V1.4 pipeline (Callahan et al. 2016) with default
settings. After additional quality control checking, merged sequences were truncated to remove
the first seven base pairs of each read. All reads were then truncated to 220 base pairs (bps)
based on their quality profiles. The output of DADA2 analysis is available in Supplemental
Material 5.
The taxonomy of each ASV was determined by comparing the top five hits identified
with BLAST against the SILVA 128 database and assigning them with the best consensus
taxonomy. BLAST hits were only considered if the percent identity of the match fell within 0.5%
identity of the top hit and if the alignment of the hit spans was >120 bp. Taxonomic
identifications were made for species, family, and phylum level if the percent identity of the best
hit was >97, 93, and 90, respectively. These threshold values were arbitrarily chosen in line with
diverse literature sources and investigations that were mostly based on mock communities of
selected taxa (Brown et al. 2015; Holovachov 2016; Leasi et al. 2018; Leasi, Sevigny, and
Hassett 2021).
This work is essentially focused on meiofaunal animals, therefore, unassigned sequences,
as well as sequences classified within chordates, protists, plants, and fungi, were removed and
excluded from subsequent analyses. In using a conservative approach for taxonomic selection,
we also removed sequences taxonomically assigned to insects and other larger invertebrates,
although they may derive from larval stages or juveniles that temporarily inhabit the meiofauna
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community (Higgins and Thiel 1988). Sequence variants present in less than 3 samples (out of
78) or with an overall number of genetic reads lower than 3 were also removed.
After removing such sequences and checking the distribution value of sequences among
samples, a rarefaction sampling depth of 10941 was applied using the script “--p-samplingdepth” in QIIME2 to ensure even sampling (Bolyen et al. 2019; Heck Jr, van Belle, and
Simberloff 1975). Most diversity metrics are sensitive to different sampling depths across
different samples; therefore, this script randomly subsamples the counts from each sample to the
value provided for this parameter. The final dataset consisted of 203 sequence variants and a
total of 10,790,074 genetic reads.
Statistical Analysis
Our goal was to assess possible differences in the meiofaunal biodiversity across the
sampled stations and three areas (bottom, middle, top) and to test if such differences could be
explained by the measured environmental parameters.
Our response variables were values of biodiversity estimates assessed as (i) richness (=
number of observed unique ASVs in each site or area), (ii) community composition (=
distribution of ASVs among sites or areas), and (iii) UniFrac phylogenetic diversity (=
community composition considering the phylogenetic distance among features) (Lozupone et al.,
2006) as assessed in QIIME2. For the UniFrac analysis, a rooted tree of the ASVs was
constructed using MAFFT (Katoh and Standley, 2013) for sequence alignment and FastTree
(Price et al., 2010) for the phylogenetic inference; default settings within QIIME2 were applied
to both. Our explanatory variables were the measured abiotic parameters, such as conductivity,
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dissolved oxygen, oxidation-reduction potential, pH, temperature, total dissolved solids,
turbidity, and various sediment variables (Supplemental Material 6)
First, we tested whether the environmental parameter values were different among
stations, among each of the three visits, and the combination of the two factors (station * visit),
using the analysis of variance (ANOVA implemented in R (RCoreTeam 2019). Pairwise t.test
analyses were also performed to understand the variability among station pairs. Similarly, we
checked for variation of environmental parameters among the three areas (bottom, middle, top)
and potential correlations among the parameters themselves
To test whether the explanatory variables (measured environmental abiotic parameters)
were significant predictors of biodiversity expressed as richness, we used a Generalized Linear
Mixed-Effects Models (GLMEM) implemented in R (RCoreTeam, 2019), package lme4 version
1.1-29 (Bates et al., 2015), after normalizing values of abiotic variables. Our models included
additional explanatory variables that could affect the response variables; the identity of the nine
sites and the three areas were included as a random effect to account for unmeasured differences
between sites/areas and for spatial autocorrelation between samples within each site/area. Then,
we explored the effect of abiotic parameters separately using GLM.
For richness as the response variables, we assumed a Poisson error structure in the
models for GLMEMs and a negative binomial for GLMs as we found evidence of data overdispersion. Model fit was checked for GLMs by plotting model residuals; plotting the predicted
versus fitted residuals; using the normal Q–Q plot; checking Cook’s distances (Crawley, 2012).
For GLMEMs, we checked the predicted versus fitted residuals. We obtained Analyses of
Deviance Tables from the R package car 2.1-3 (Fox and Weisberg, 2018) to verify the effect of
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each variable, calculating the significance using likelihood ratio (LR) chi-square tests for GLMs
and Wald (W) chi-square tests for GLMEMs (Fox and Weisberg, 2018).
To test whether explanatory variables (measured environmental parameters) were
significant predictors of community composition as well as UniFrac (response variables), we
used a permutational multivariate analysis of variance (PERMANOVA) applied on distance
matrices (adonis2 function in R package vegan 2.5–7 (Oksanen et al. 2013; Pierre Legendre and
Anderson 1999) using a Jaccard dissimilarity index and binary (presence/absence) entries or
Faith’s phylogenetic distance (PD) for the UniFrac analysis (Faith and Baker 2006).
Finally, we performed a Non-metric Multidimensional Scaling analysis (function
metaMDS in R package vegan 2.5–7) to visualize dissimilarities among communities. The
environmental parameters were fitted into the plot with the function “envfit” using R package
Vegan (Faith, Minchin, and Belbin 1987; Oksanen et al. 2013).
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Results
Environmental Parameters
For each sampled station and all sampling activities, measurements were taken for total
dissolved solids (TDS), conductivity (mS/cm), dissolved oxygen (DO in mg/L), pH, oxidationreduction potential (ORP), temperature (℃), turbidity (NTU), and several sediment-based
metrics (mean grain size, sorting, skewness, kurtosis, and organic matter). The list of
environmental parameters and respective values are available in Supplemental Material 6.
Figures 10 and 11 below (next pages) show the values of the environmental parameters measured
by station (1 through 9) and area (bottom, middle, and top).

[Figure 10. Environmental Parameters measured by Station]
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[Figure 11. Environmental Parameters grouped by area of Hamilton
County (Bottom, Middle, Top)]
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The nine stations and three areas were characterized by a diverse setting of environmental
parameters fluctuating over time (Fig. R1, R2 above). Most of the measured parameters showed
differences among stations and among the three areas (Table 1, below). However, differences
among the three visits and the interaction between station/area and visit did not show significant
differences, corroborating the hypothesis that stations and areas (bottom, middle, top) are
characterized by unique abiotic conditions, regardless of weather events.
Parameter
Temperature

NTU

pH

Df

Sum Sq

Mean Sq

F value

Pr(>F)

Station

8

662.74

82.843

1.08E+01

9.60E-10

Visit

2

1

0.4995

0.0315

0.969

Station*Visit

16

7.65

0.478

0.047

1

Residuals

51

518.85

10.173

Visit

2

0.47

0.235

0.0276

0.9728

Area

2

600.21

300.103

35.1621

2.96E-11

Area:Visit

4

0.66

0.164

0.0192

0.9993

Residuals

69

588.9

8.535

Station

8

662.74

82.843

8.1431

5.13E-07

Visit

2

1

0.498

0.0489

0.9523

Station:Visit

16

7.65

0.478

0.047

1

Residuals

51

518.85

10.173

Area

2

600.21

300.103

35.1621

2.96E-11

Visit

2

0.47

0.235

0.0276

0.9728

Area:Visit

4

0.66

0.164

0.0192

0.9993

Residuals

69

588.9

8.535

Station

8

9.081

1.13516

1.0889

0.386

Visit

2

0

0.00022

0.0002

0.9998

Station:Visit

16

0.211

0.01318

0.0126

1

Residuals

51

53.166

1.0424

Area

2

3.238

1.61897

1.8909

0.1587

Visit

2

0.005

0.00257

0.003

0.997
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DO

TDS

ORPmV

mScm

Area:Visit

4

0.138

0.03442

0.0402

0.9969

Residuals

69

59.078

0.8562

Station

8

681.28

85.16

9.5899

5.52E-08

Visit

2

1.41

0.705

0.0794

0.9238

Station*Visit

16

13.19

0.824

0.0928

1

Residuals

51

452.89

8.88

Area

2

258.81

129.406

10.0465

0.0001481

Visit

2

0.5

0.248

0.0193

0.9809111

Area:Visit

4

0.7

0.176

0.0137

0.9996237

Residuals

69

888.77

12.881

Station

8

0.0058457

0.00073071

2.1172

0.05094

Visit

2

0.0000003

0.00000017

0.0005

0.99951

Station:Visit

16

0.0001002

0.00000627

0.0182

1

Residuals

51

0.0176017

0.00034513

Area

2

0.0021457

0.00107286

3.4727

0.03656

Visit

2

0.0000064

0.00000319

0.0103

0.98972

Area:Visit

4

0.000079

0.00001976

0.064

0.9923

Residuals

69

0.0213168

0.00030894

Station

8

22664

2833.06

1.9262

0.07603

Visit

2

36

17.84

0.0121

0.98794

Station:Visit

16

278

17.4

0.0118

1

Residuals

51

75010

1470.78

Area

2

2316

1157.78

0.8359

0.4378

Visit

2

46

22.89

0.0165

0.9836

Area:Visit

4

58

14.6

0.0105

0.9998

Residuals

69

95568

1385.05

Station

8

0.012152

0.00151901

2.0945

0.05344

Visit

2

0.000001

0.00000049

0.0007

0.99932

Station:Visit

16

0.000217

0.00001354

0.0187

1

Residuals

51

0.036987

0.00072524
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Area

2

0.004243

0.00212155

3.258

0.04446

Visit

2

0.000013

0.00000652

0.01

0.99003

Area:Visit

4

0.000169

0.0000422

0.0648

0.99211

Residuals

69

0.044932

0.00065119

[Table 1. Tables examines the correlations between each different environmental parameter
measured and either station, trip, and trip/station; the resultant p-values are also shown]

The abiotic parameters with the highest variability were temperature, dissolved solids,
and turbidity, followed by conductivity and oxidation potential. ANOVA tests showed that
differences in temperature are positively correlated to differences in NTU (p < 0.01) and
oxidation potential (p < 0.01) and negatively correlated to variation in DO (p<0.01).

Biodiversity Estimates
Biodiversity was assessed as richness (= number of ASVs), community composition
(distribution of ASVs across samples), and phylogenetic diversity (phylogenetic relatedness of
ASVs).
Richness
Within the area of Hamilton County examined in this project, a total of 10 phyla and 203
different meiofaunal ASVs were recorded. The most common phylum found was Arthopoda in
which 83 unique ASVs were documented. The Phyllopod class (47 ASVs) was the most
common type of arthropod, with members of Copepoda (22 ASVs.) and members of the family
Haplotaxidae (11 ASVs.) following in abundance. After Arthropods, organisms from phylum
Rotifera (39 ASVs) and Nematoda (25 ASVs) were the second and third most abundant phyla.
The rarest taxa documented was the Bryozoan phylum with only 1 representative ASV
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identified. Besides differences in the number of sequence variants, phyla were well distributed
across stations, except for Cnidaria and Bryozoa which were less represented overall (Figures 12
and 13).
[see Table 2 below and Supplemental Material 7 for the list of total taxa]

Phyla Detected

Number of ASVs within each phylum

Arthropoda

83

Rotifera

39

Nematoda

25

Platyhelminthes

16

Annelida

14

Gastrotricha

13

Tardigrada

7

Cnidaria

3

Mollusca

2

Bryozoa

1

[Table 2. List of meiofaunal phyla detected in the investigated samples and number of amplicon
sequence variants present in each phylum.]

[Figure 12. Taxonomic Bar plot, ASVs grouped by Station # and Phylum]
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The number of ASVs found at each station and area were also calculated and displayed in
the tables below [Tables 3 and 4]. Station 7 had the highest biodiversity and species richness as
120 of the 203 total ASVs were found there over the course of the sampling period. Station 1
exhibited the lowest diversity values where only 76 out of 203 ASVs were documented (Figures
13 and 14 below).

[Figure 13
(left).
Meiofaunal
animals
collected
from the
Tennessee
River]

[Figure 14 (above). Species richness (number of ASVs) displayed both by
Hamilton County Area and by Station Number]
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Station #

# of Viable Samples

# of ASVs Detected (richness)

1

8

76

2

9

96

3

9

87

4

9

100

5

9

118

6

8

92

7

9

120

8

8

107

9

9

97

[Table 3. List of the number of ASVs detected at each station with the number of samples (out of
9) considered]

Hamilton County Area

Number of ASVs detected

Bottom

134

Middle

156

Top

169

[Table 4. List of ASVs detected grouped by area of Hamilton County, with Bottom being south
and Top being north. Notice increasing trend moving northward]

The values of richness resulted significant different across stations (p<0.001) and areas
(p<0.003). A t.test pairwise comparison revealed that differences in richness are due to the
bottom area, which is different from both the middle and top areas. The values of richness are
different by station and area also in relation to the sampling activity (interaction between
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richness by station and sampling activity; p<0.006 - between richness by area and sampling
activity; p<0.03). The overall number of meiofaunal metazoan ASVs was significantly different
at different temperatures (generalized linear mixed effect model, GLMEM; temperature: LR chisquared = 7.32; p = 0.006829), and oxidation reduction potential (LR chi-squared = 4.36079; p =
0.036775).
Community Composition
The list of taxa by sample is available in Supplemental Material 8.
PERMANOVA analyses revealed that community composition is significantly different among
stations (p<0.001) and the three areas (p<0.001). These differences are supported by the nonmetric multidimensional scaling (NMDS) analysis (Figure 15 below). Community composition
is significantly different by station and area also in relation to the sampling activity (interaction
between richness by station and sampling activity; p<0.001). The abiotic parameters that
significantly explain variation in community composition were temperature (p<0.001) and
dissolved oxygen (p<0.001) as well as oxidation potential (p<0.05), and various
sedimentological parameters, such as mean grain size (p<0.05), sorting (p<0.001), skewness
(p<0.001), and organic matter present in the sediment (p=0.01). The NMDS plot supports that, of
the water quality parameters, variations in the temperature and dissolved oxygen have the
greatest influence on the meiofaunal community composition. Interestingly, total dissolved solids
and conductivity affect the community composition almost identically and have an opposite
effect of turbidity.
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Stress: 0.18

[Figure 15 (above). NMDS ordination plot of environmental parameter on meiofaunal
community composition]

Phylogenetic diversity
Phylogenetic diversity is significantly different among some stations and between the bottom and
both middle and top areas (p<0.05; Figures 16 and 17 below). The variation in temperature was
the only abiotic parameter that significantly explained variation in the phylogenetic diversity
(p<0.05). Phylogenetic diversity did not seem to significantly change in relation to when stations
were visited.
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[Figure 16 (below). Phylogenetic Diversity by Station Number]

[Figure 17 (below). Phylogenetic Diversity by Hamilton County Area
(Bottom, Middle, Top)]
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Discussion
The main results obtained by this research are 1) for the first time meiofaunal biodiversity
was assessed from the Tennessee River and 2) shifts in the biodiversity of freshwater meiofauna
can be explained by variation in abiotic parameters, therefore, freshwater meiofauna can be used
as a valuable bioindicator for environmental changes.
Considering the relatively small sampling size and limited geographic area of this study,
we did find much higher biodiversity in meiofaunal species than was expected. All the
meiofaunal phyla known to live in freshwater were detected in Hamilton County (except perhaps
for freshwater nemerteans which are extremely rare and enacoelomorphans, which were detected
by subsequently filtered out due to their low frequency (Higgins and Thiel 1988). The 203
unique ASVs found were certainly unanticipated given (i) the small sampling area (just over a 20
river-mile length), (ii) the high connectivity of the stations on the river, (iii) the seemingly
homogenous habitat of this area of the river, and (iiii) the poor water quality and sedimentation
conditions of the Tennessee River described by Hossain et al. 2021 and Ruhl et al. 2009, who
discuss impactive levels of sedimentation/turbidity and toxic and radioactive pollution
respectively. This higher biodiversity also supports the idea that the Southeastern United States is
not only a hotspot for freshwater biodiversity for bigger species, containing nearly two-thirds of
our nation’s fish species and high diversity of macroinvertebrates such as mussels and crayfish
(“Southeastern”), but also for small-sized animals.
Looking at the environmental parameters recorded, we found that they differ across
stations and areas (bottom, middle, top), but each station or area’s parameters remain fairly
constant regardless of when the sampling activity was performed; this result held true even for
sampling trips which occurred soon after weather events that caused visible changes in the water
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level. However, biodiversity measured as richness and community composition changes across
stations and areas also depending on when the sampling activity was performed. This result
relates to an earlier claim made by Bond and Downes in 2003 when they found that after water
flow increases, the number and diversity of meiofauna in the water column also increased (Bond
& Downes 2003); while we do not see clear changes in the environmental parameters after
weather events, we do see a significant changes in the richness and the community composition.
While all nine stations are connected by water flow and are geographically close together, the
environmental parameter variability among them suggests that these stations may provide unique
microhabitats for meiofauna within the larger Tennessee River ecosystem. We have also divided
the nine stations into three groups with the idea that these areas contain different abiotic
conditions due variations in population density, traffic level, and position relative to the
Chickamauga Dam and Sequoyah Nuclear Plant; these areas are referred to as the Bottom
stations (1-3), the Middle (4-6) stations, and the Top stations (7-9). We hypothesize that some of
the variation in the environmental parameters observed may be due to anthropogenic effects in
each area. Additionally, we find that the meiofaunal diversity is different among these three
study sections with the Bottom portion containing some of the least diverse stations and the Top
area holding the most diverse stations, suggesting that either the level of urbanization or the
habitat isolation created by the Chickamauga Dam may also influence meiofaunal biodiversity.
This could be corroborated with results from a study conducted in the waters of the Southern
Blue Ridge Mountains of Tennessee that examined fluvial sediment cores which found that
sedimentation of the Little Tennessee River increased post-settlement and that these postsettlement sediments also contained higher amounts of calcium, mercury, and lead (Wang &
Leigh 2015); these changes in the amount and the contaminants of the sediments entering the
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water after human settlement could have shifted the biodiversity and meiofaunal community
composition. However, in our study, there are other local entities to take into account in addition
to the level of urbanization. As previously mentioned, the Chickamauga Dam could influence
meiofauna biodiversity as it may inhibit movement of animals along the river, and the Sequoyah
nuclear power plant shows a trend of warmer waters surrounding it, selecting for animals with
higher temperature tolerance. These and other factors may be some confounding variables that
are influencing our results, such as the exact placement of our stations within these urban areas;
more samples from other urbanized, riverine areas would be needed to more definitively support
this hypothesis.
Results also indicate that some of the environmental parameters may be correlated with
species richness, community compositions, and phylogenetic diversity. We found that richness is
influenced by water temperature and the oxidation-reduction potential of the water, and both
community composition and phylogenetic diversity are significantly influenced by water
temperature. Temperature is an environmental factor known to cause shifts in community
composition and faunal population density, as more sensitive animals are removed from the
community due to thermal changes and(or) thermal pollution (Oden 1979); we see the effects of
thermal changes in the sampling stations close to the Sequoyah Nuclear Plant, where the
temperature is higher than observed at the other stations and where fewer ASVs are found.
We do not see any strong evidence to suggest that variation in the levels of dissolved
(total dissolved solids) and suspended (turbidity) solids have any effect on the meiofaunal
biodiversity. While this result may stem from a small sample size and increasing the number of
stations and visits may alter the results, it is also important to consider that using metagenomic
practices may not always be the best way to assess biodiversity at the species level. In previous
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studies, species richness is reported as higher when using a metabarcoding method versus a
morphological identification approach (Leasi et al. 2018). This may be due to the presence of
cryptic species (similar morphologies with high genetic diversity), juveniles that cannot be
identified visually, or sequence artifacts deriving from issues in the sequencing process (Leasi et
al. 2018). In many cases, DNA sequence data can still exhibit bias and can be utilized most
effectively in research when combined with morphological, visual identification to create a
clearer understanding of the species present (Schenk & Fontaneto 2020).
However, results from the ordination analysis do show some interesting trends regarding
the dissolved and suspended solids [See again Figure 16 NMDS]. We see that the various
environmental parameters can shift the meiofaunal community in different directions.
Interestingly, we can observe that total dissolved solids and turbidity affect the community
compositions in two different ways, opposite of each other; TDS also has nearly the exact same
effect on community composition as conductivity (EC), a liquid’s ability to conduct an electric
charge; EC and TDS are commonly used in tandem to indicate the salinity level of a water body
as they both measure dissolved constituents in the water, with TDS indicating all dissolved solids
(sediments, organic matter, etc.) and EC indicating levels of dissolved ions such as sodium and
chloride (Rusydi 2018). The various sediment variables affect the composition asymmetrically
with the kurtosis, skewness, mean grain size, and sorting of the sediment all pushing the
community in different directions. This upholds claims made by Radwell and Brown in 2007
who found that grain size could have effects on benthic meiofaunal community compositions,
namely that environments with finer sediments, like silts and clay, housed communities
dominated by copepods and nematodes (Radwell & Brown 2007). Our results support this
conclusion for aquatic meiofauna by also demonstrating a trend with sediment sorting shifting
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the aquatic community composition in a particular direction. The sediment we collected from the
river substrate may be a reflection of the sediment entering the system via runoff; with the
constant flow of the Tennessee River, these sediments could continually be resuspended into the
water column and thus contribute to the turbidity and TDS studied here. Additionally,
temperature affects the composition along the same general direction as the turbidity trend,
which may be an interesting dynamic to explore in Hamilton County in the future. A past study
of macroinvertebrate habitats show a distinct relationship between turbidity and water
temperature; as turbidity increases, so does water temperature (Paaijmans et al. 2008). Of the
habitats examined, the water pools with the highest turbidity were, on average, 2.8℃ warmer
than less turbid pools at the same time of day; the particles suspended in the water are capable of
absorbing and scattering sunlight and raising the water temperature (Paaijmans et al. 2008).
However, within our study, we are not able to confirm that the seemingly similar trends in
temperature and turbidity are directly related due to other external factors such as the presence of
the Sequoyah Nuclear Plant.
Going forward, future studies will need to consider a larger sample size (i.e. more
stations, more visits, longer sampling time frame, sampling other local environments) to analyze
the effect of the environmental parameters and predict biodiversity shifts in changing
environments. For instance, our lab has collected and is currently analyzing the meiofauna that
live interstitially in the sediment, more akin to the work of Smith et al. 2001, Montagna et al.
2002, Bond & Downes 2003, and Radwell & Brown 2007, instead of solely focusing on the
aquatic species. As some meiofaunal species are expected to have the ability to move between
these two (benthic and planktic) habitats, it would make sense in the future to study their
communities in tandem to get a clear picture of the meiofaunal community as a whole. Variation
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in sedimentological parameters seem to be correlated to community composition for planktic
meiofauna, therefore, we may find additional patterns when investigating benthic meiofauna.
The main research hypothesis for this project was that meiofaunal biodiversity would be
affected by possible changes in dissolved and suspended solids in the water column; the final
results of this study lead us to reject this hypothesis as neither turbidity nor total dissolved solids
statistically affected the meiofaunal biodiversity measured as richness, community composition,
and phylogenetic diversity, at least in our samples. Moving forward, future researchers should
consider using a larger sample size, such as more sampling stations and site visits to ensure
accurate results. It would also be beneficial to examine the planktic and benthic meiofaunal
species together to get a clearer picture of their community as a whole. A study examining the
effects of urbanization and specific land use on local meiofauna populations would further serve
to utilize these animals as effective bioindicators of anthropogenic, environmental changes. Even
though the hypothesis was not supported, this project still represents the first documentation of
the meiofaunal community of the Tennessee River and is expected to be informative for
researchers and conservationists studying and working to preserve this ecosystem in the future.
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